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Introduction

Bee forage plants provide pollinators with nectar, 
which contains carbohydrates, and pollen, which 
contains proteins, fatty acids, vitamins and minerals.  
A balanced diet that contains all of these components 
is crucial for the development, lifespan and immune fit-
ness of the honeybee (Apis mellifera) and of the colony 
as a superorganism (Nicolson 2011). In recent decades, 
the disappearance of honeybees as a result of disper-
sal of the varroa mite (Varroa destructor), the massive 
application of pesticides on agricultural crops, climate 
change, and the reduction in natural  blooming, has 

raised serious concern (Goulson et al. 2015). The hard-
est time of year for Israeli apiaries is at the end of the 
summer until early winter, when most of the local bee 
forage plants do not bloom. Without artificial supple-
mentary feeding during this time, beehives suffer from 
malnutrition. Since the honeybee serves as a main pol-
linator in various ecosystems and for important agri-
cultural crops, there is an interest in keeping this spe-
cies vital and wealthy around the year.

The genus Eucalyptus is an important food source 
for various pollinators due to its rich blooming, high 
nectar production, and large number of pollen grains 
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ABSTRACT
Summer and autumn in Israel are highly arid with not enough plants in bloom offering nectar and 
pollen to support the local apiary. This leads to decline in colony health and honey production. To 
increase food sources for honeybees, we initiated a project to clone elite Eucalyptus trees exhibit-
ing constant and rich blooming from late summer to early winter. We induced adventitious roots 
from cuttings of two mature Eucalyptus trees of which nectar production and honeybees’ attrac-
tion was measured: Eucalyptus brachyphylla and Eucalyptus x trabutii. During the rooting process, 
a high frequency of cylindrical callus formation instead of roots was obtained. To shed light on the 
inner anatomy of the callus chunks, we compared their cell organization and cell-wall composition to 
those of roots. Whereas in the root, cells were organized in circumferential symmetry, no symmetry 
was found in the callus. Instead, a more chaotic accumulation of meristematic-like cells with sporadic 
clusters of tracheary elements laid in different directions were observed. The outer cell layer of the 
callus often included swollen cells with thin cell walls. Most callus cells stained more strongly for 
cellulose and lignin than cells in the root meristem. In addition, specific antibodies to methylesteri-
fied and de-methylesterified pectin showed differential staining of callus vs. root cells indicating cell 
wall differences. Strikingly, roots were seen to differentiate from the chaotic cell organization of the 
callus, albeit at low rates. Further investigation of the cellular and molecular mechanisms underlying 
callus formation, are required.
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in every flower (Moncur and Boland 1989). Moreover, 
the blooming time of a Eucalyptus flower is relatively 
long, ranging from 4 to 18 days, depending on the 
species (Davis 1997). Since anthesis occurs gradually, 
the blooming period of a given Eucalyptus tree can last 
from a few weeks to a few months. Protein-content 
analysis performed on pollen grains from 19 Eucalyp-
tus species from different sites in Australia found a 
crude protein percentage ranging from 20.5 to 30.1% 
(Somervill 2001). Compared to the protein content 
reported for pollen grains of citrus (18.5%), lavender 
(Lavendula spp.; 19.4%), almond (Prunus dulcis; 12.4%), 
maize (Zea mays; 14.9%) and sunflower (Helianthus an-
nuus; 13.8–15%), the protein content of Eucalyptus pol-
len grains is relatively high, and meets the honeybee’s 
protein nutritional demands (Somervill 2001).

Many Eucalyptus species were introduced to Israel 
decades ago for honeybee pasture purposes, as well as 
for forestry. Some of the Eucalyptus species conformed 
to arid areas in Australia and thus are well adapted to 
the Israeli growth conditions. Beekeepers and ecolo-
gists report on a high variety in the blooming traits 
of Eucalyptus trees within the same species, including 
blooming timing and intensity, and attraction to hon-
eybees. Studies on Eucalyptus cladocalyx populations 
in the arid zone of the Atacama Desert in Chile have 
shown that flowering traits are highly affected by ge-
netics (Cané-Retamales et al. 2011). Since most Euca-
lyptus trees in Israel originate from seeds, we assume 
that the variability seen in Eucalyptus plantations is due 
at least in part to their genetics. In addition, evidence 
in recent years has shown significant variability in the 
responses of Eucalyptus trees from the same species to 
drought stresses, which are becoming more relevant in 
the face of global climate change (Li and Wang 2003). 
Taken together, the clonal propagation of elite Euca-
lyptus trees for honeybee pasture is well-justified.

In vegetative propagation of desired clones, plants 
are duplicated asexually, with the aim of achieving 
progeny that are genetically identical to the parent. 
This requires the induction of adventitious roots (ARs) 
from cuttings. However, because woody plants tend 
to lose their rooting ability during the change from 
juvenile to mature phase (Diaz-Sala 2014; Hackett 
1985;  Poethig 1990, 2010; Riov et al. 2013; Vilasboa 
et al. 2018), it is often very difficult to clone trees with 
known blooming traits. The change from juvenile to 
mature phase is very prominent in some Eucalyptus 
trees, (Johnson 1926), thus, Eucalyptus trees serve as a 

good model system for research into the loss of root-
ing ability during adulthood (Abu-Abied et al. 2012, 
2014; Levy et al. 2014; Vilasboa et al. 2018).

Here, we selected two elite Eucalyptus trees based 
on their exceptional nectar secretion and honeybees’ 
attraction, cloned them, prepared mother plants for 
further propagation, and payed specific attention 
to the formation of AR and callus from their cutting 
bases. While callus is defined as unorganized cell mass 
(Ikeuchi et al. 2013), we found that callus with a spe-
cific cylindrical shape was often formed alongside AR 
formation. The differential anatomy and cell-type pop-
ulations in the callus were compared to those in the 
roots using various microscopy methods.

Materials and methods

Materials

All materials were from Sigma Aldrich Israel, unless 
otherwise specified.

Measurements of nectar and honeybee visits

The two Eucalyptus trees, E × trabutii and E. brachyphyl-
la, are growing in Kfar Pines, Israel. Nectar secretion and 
honeybee visit measurements were performed as fol-
lows: 1 day prior to each observation, 10 flowers in the 
preanthesis phase were chosen, marked and bagged 
with a white organza bag (50 mesh) to prevent access 
of pollinators to the flower. The preanthesis phase was 
defined as the time when the operculum has fully dis-
engaged from the flower receptacle, but still covers 
the anthers, 1 day before the operculum falls and the 
flower opens completely (Fig. 1C) . In the next 4 days, 
starting at sunrise and ending at sunset, the following 
data were collected from the marked flowers every  
2 h: nectar volume (NV) was measured using a glass 
micropipette (Drummond Scientific, USA), and its sug-
ar concentration (NC) was measured using a handheld 
refractometer (Atago Japan). The NV was multiplied by 
the NC for each flower for each measurements and the 
sum of it during 4 days was calculated. The average of 
sugar production between 10 flowers during 4 days is 
the total floral sugar yield per 4d (Table 1 and Supple-
mentary Tables S1 and S2). To estimate the flowering 
 intensity (FI), i.e., the number of flowers that open dur-
ing the blooming season, fresh opercula were sorted 
from two or three 50-cm2 area patches under each tree 
and counted (operculum density; OD). The average 
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Figure 1. The selected trees. (A) E × trabutii tree. (B) E. brachyphylla tree. (C) E × trabutii flowers. Arrow indicates a preanthesis-stage 
flower, such as those bagged before nectar measurements. (D) E. brachyphylla flowers.
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 number was multiplied to fit the total area under the 
tree (TA) which was measured using a measurement 
tape.

The sugar yield of each tree was estimated accord-
ing to the following equations:

The number of honeybee visits to one flower  cluster 
was counted for 5 min in three replicates every 2 h. 
Bees were distinguished as nectar collectors and pol-
len collectors according to the presence of pollen 
grains in their corbiculae.

AR induction

Branches were excised from mature trees in the field, 
placed in a humidified cooler box and brought to a 
climate-controlled greenhouse within 2 h. Each cut-
ting, 7 cm long, included three nodes with only two 
leaves remaining at its apical end. Two-thirds of each 
blade was excised to minimize evapotranspiration. The 

 cutting bases were submerged for 1 min in 6 g/L indole- 
3- butyric acid potassium salt (K-IBA) supplemented 
with experimental rooting enhancers at a concentra-
tion of 100 μM. Enhancer 52 was 4-chlorophenoxy-
acetic acid (4-CPA) conjugated to D-tryptophan, and 
compound 53 was 4-CPA conjugated to L-tryptophan. 
In addition, the leaves were sprayed with 100 μM of 
each rooting enhancer in the presence of 0.05% Tri-
ton X-100 as surfactant. Stock solutions of the experi-
mental rooting enhancers were 100 mM in DMSO. The 
cuttings were planted in rooting medium containing 
peat, vermiculite and polystyrene flakes at a ratio of 
1:2:3 respectively, on a 25°C heated rooting table, with 
sprinklers activated for 10 seconds every 10 minutes 
creating 90% humidity. Fungicides were applied to the 
rooting media on a weekly basis. Rooting percentage, 
number of roots per cutting and root length were mea-
sured after 1 and 2 weeks and after 1 and 2 months.

Cell-wall staining

Elongated callus or root samples were manually sec-
tioned, fixed for 24 hours, in 4% paraformaldehyde in 
PBS (Biological Industries, Beit Haemek, Israel) supple-
mented with 150 μg/mL ascorbic acid, 1 mg/mL DTT 
and 10 mg/mL PVP to prevent tissue oxidation. The 
samples were washed three times in PBS and cleared 
using ClearSee as previously described (Kurihara et 
al. 2015). Briefly, samples were incubated in ClearSee 
(10% w/v xylitol, 15% w/v sodium deoxycholate, 25% 
w/v urea in H2O) at room temperature under gentle 
agitation for several days. ClearSee solution was re-
placed daily. The samples were stained for cell walls 
as previously described (Ursache et al. 2018). Samples 
were incubated for 5 min in 0.5% (w/v) Auramine O, 
rinsed twice with ClearSee and then placed on a slide 
with 0.1% (v/v) calcofluor solution containing 1gr/L 
calcofluor white and 0.5gr/L Evans blue (Sigma). The 
dyes were diluted in ClearSee.

Immunostaining

Elongated callus finger or root samples were manually 
sectioned, fixed for 1 h at room temperature in freshly 
prepared 8% paraformaldehyde in PME buffer contain-
ing 100 mM PIPES pH 6.89, 5 mM MgSO4, 0.5 mM EGTA, 
1% Triton X-100. The samples were then rinsed three 
times (15 min each) in PME buffer. For blocking, the 
samples were incubated in PBS containing 3% (w/v) 

Table 1. Sugar production, estimated honey yield, and attractive-
ness to honeybees.

E × trabutii E. brachyphylla

Total floral sugar yield  
per 4 d (mg)

26.18±9.59 (N = 10) 19.69±12.89 (N = 10)

Opercula per 50 cm2 2039±941 (N = 3) 2673±29 (N = 2)
Tree area (m) 9 × 8 7 × 7.5
Seasonal sugar yield  
per tree (kg)

30 22

Trees per 0.1 ha 9 20
Calculated sugar yield for  
0.1-ha clonal  
plantation (kg)

275 442

Calculated honey yield for  
0.1-ha clonal  
plantation (kg)

327 526

Average nectar-collector  
visits per 5 min on one  
flower cluster

8.65±5.55 7.76±4.66

Average pollen-collector  
visits per 5 min on one  
flower cluster

6.95±5.01 6.79±4.65

( )5 4 10

Total floral sugar production NV NC
measurements per day days

×
=
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bovine serum albumin (BSA) for 1 h. This was followed 
by incubation with the antibodies JIM5 and LM20 di-
luted 1:10 in PBS/BSA overnight in a humidified cham-
ber. The next day, samples were washed three times 
with PBS, 15 min each, and incubated for 1 h with the 
secondary antibodies—goat anti-rat antibodies con-
jugated to Alexa fluor 488 (Jackson ImmunoResearch 
Laboratories, West Grove, PA, USA). Then three washes 
with PBS were performed, with 0.1% calcofluor solution 
added to the third wash as an internal standard. An ad-
ditional wash with distilled water preceded mounting 
in Fluoro-Gel mounting medium with DABCO antifade 
solution (Electron Microscopy Sciences, USA).

Confocal microscopy

Samples were imaged with an Olympus IX81/FV500 
laser-scanning microscope. Calcofluor and Auramine 
O were excited with the 405 nm laser. For calcofluor 
emission, a BA430–460 filter was used, and for Aura-
mine O, IF 530. The samples stained for pectin were 
imaged using excitation at 488 nm and BA505–535 for 
emission.

HREM (High Resolution Episcopic Microscopy)

Tissue was fixed for 1 week in FAA (50% ethanol, 10% 
formaldehyde, 5% acetic acid, v/v), rinsed for 1 day 
in 75% ethanol and then serially dehydrated in 85%, 
95%, 100% ethanol for 1 day each. The tissue was then 
incubated for 10 days with JB-4 (Electron Microscopy 
Sciences) containing 0.27% (w/v) eosin and 0.056% 
(w/v) acridin orange dyes at 4°C with gentle agitation 
as previously described (Izhaki et al., 2018). Samples 
were positioned and mounted in plastic molds and 
sectioned using the HREM system (Indigo Scientific, 
Baldock, UK); Perfectly aligned 2826 images, repre-
senting 2.6 μm thick sections, were stacked using Fiji 
software (Schindelin et al. 2012). Three-dimensional 
reconstruction was performed using Amira software 
(FEI, Hillsboro, OR, USA).

Image analysis

For measurement purposes, all image-acquisition pa-
rameters were equal. Fiji software was used for length 
and width measurements of cells as well as for fluo-
rescence intensity. While three-way junctions were 
circled to define regions of interest, cell circumference 
was marked with straight lines. Normalization was 

 performed by dividing fluorescence intensity of the 
Alexa fluor 488 by that of calcofluor in the same pixels.

Statistical analysis

Statistical analysis was performed using t-test with  
p-value threshold equals 0.05 with JMP PRO 14.0.0.

Results

Selection of elite trees

To support the honey industry in Israel, we selected for 
trees that flower during the autumn until early winter 
when hardly any other plants are in bloom. The desired 
properties for the selected trees were intense and ro-
bust blooming, high sugar production through nectar 
secretion, and high attraction to honeybees. Following 
the recommendations of an experienced beekeeper, 
we focused on two individual Eucalyptus trees: Euca-
lyptus × trabutii (Fig. 1A, C) and Eucalyptus brachyphylla 
(Fig. 1B, D).

To evaluate the trees’ sugar production, we con-
ducted an observation over 4 days in the middle of 
their blooming season, as previously described (Lupo 
and Eisikowitch 1990). The blooming season was doc-
umented by the beekeeper and by our own inspection 
to be from August to November for E × trabutii, and 
November to January for E. brachyphylla. Accordingly, 
in 2018, measurements were performed on October 
8–11 for the E × trabutii and on November 19–22 for 
E. brachyphylla. We have found that an average flower 
of E x trabutii produced 26.18±9.59 mg sugar and that 
of E. brachyphylla produced 19.69±12.83 mg sugar in 
four days (Table 1and Supplementary Table S1). To es-
timate how many flowers bloom on the trees during 
one blooming season, we examined the number of 
opercula under the trees (Table 1). Accordingly, it was 
estimated that in E. × trabutii, approximately 1.17 mil-
lion flowers, and in E. brachyphylla, approximately 1.12 
million flowers bloom in one blooming season.

Based on these numbers, we provided a putative es-
timation of sugar production for these trees over one 
blooming season (Table 1). Assuming that honey con-
tains 81% sugar, we calculated the honey yield per sea-
son for 0.1 ha with E × trabutii or E. brachyphylla trees 
(Table 1). Similar work performed in Israel examining 
Eucalyptus erythrocorys found that one tree can yield 
1.1 kg of honey and that a plantation of 62 trees on 0.1 
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ha can produce 72 kg of honey under good conditions 
(Lupo and Eisikowitch 1990), which is 4.5- and 7.3-fold 
less than the estimated honey yields of E × trabutii 
and E. brachyphylla, respectively (Table  1), under the 
above-described conditions.

Regarding the honeybee visits, the first and very 
clear observation was a loud honeybee hum around 
these trees during the hours of observation, indicating 
a high level of attractiveness. However, we wanted to 
quantify this attractiveness and the preference for the 
food reward offered by the trees. Therefore, we count-
ed the mean number of honeybee visits to one flower 
cluster over 5 min during the day. Mean honeybee vis-
its per 5 min for an E × trabutii flower cluster was 14.41 
± 7.44, and for E. brachyphylla, 13.31 ± 6.87 (Table 1). 
In both trees, about half of the visiting honeybees col-
lected nectar, and the rest collected pollen (Table 1). In 
comparison, pollinator visits to Eucalyptus costata flow-
ers in Victoria, Australia ranged between 1.5 to 5 visits 
per cluster over 5 min (Horskins and Turner 1999). An 
examination of honeybee visits to Eucalyptus species 
performed in Israel revealed the following number of 
visits per flower, per hour: E. camaldulensis 4.5 ± 4.14; 
E. kruseana 0.96 ± 1.26; E. leucoxylon 9 ± 4.5, and E. tor-
wood 7.14 ± 5.16 (Keasar and Shmida 2009). Adjusting 
our data to this scale and assuming that one cluster of 
flowers in the trees that we examined consists of about 
15 flowers, it is suggested that the two trees chosen for 
our study are considerably attractive to honey bees.

Vegetative propagation of elite trees

A low rate of rooting of the cuttings from the mature 
trees was expected (Abu-Abied et al. 2012; Vilasboa et 
al. 2018). Therefore, as a first step, we sought to create 
a small collection of mother plants. We harvested cut-
tings from mature trees, and treated them with K-IBA 
mixed with experimental rooting enhancers based on 
synthetic auxins. While rooting percentages were low 
(5–8%; data not shown), this yielded several mother 
plants from each tree, from which cuttings were har-
vested for continued experiments. Of note, the rooting 
rate improved when the cuttings originated from the 
mother plants grown in the greenhouse (Fig. 2). Cut-
tings from E. brachyphylla and E × trabutii exhibited up 
to 45% rooting (Fig. 2). We also noticed different root-
ing kinetics between the two trees: cuttings from E × 
trabutii rooted relatively rapidly, after 1–2 weeks, but 
rooted cuttings had difficulty undergoing hardening 

and survival rates were low (about 50%). In contrast, 
it took 1–2 months for cuttings from E. brachyphylla to 
root, but survival was close to 100% (data not shown). 
Whereas in E. brachyphylla, the average root number 
was around 4 and 2 following K-IBA or K-IBA combined 
with the new rooting enhancers, respectively (Fig. 2B), 
in E × trabutii, it was around 5 for all treatments 
(Fig. 2F). The longer roots obtained for E. brachyphylla 
after treatment with the new enhancers (Fig. 2C) sug-
gested earlier root formation. In addition, root induc-
tion resulted in the formation of callus, often and more 
seldom in E. brachyphylla and E × trabutti cuttings, re-
spectively (Fig. 2A, E, D, H).

Callus formed in E. brachyphylla and in E × trabutii 
often developed into a cylindrical shape (Figs 2D, 3A) 
resembling a root. We examined the differences and 
similarities between the cells populating the callus 
and those found in a genuine root which allow aniso-
tropic growth.

Shapes and cell-wall features of cells in roots vs. 
callus

Imaging of longitudinal sections of the root tip (Fig. 3B) 
revealed a typical well-organized root tip with root-
cap cells staining mainly for cellulose, flanking a meri-
stem containing cells with a thin primary cell wall with 
very low staining. The meristem was encircled by an 
arc of more lignified cells, separating it from the root 
cap. The other cell lineages emerging from the meri-
stem stained for both lignin and cellulose. Despite the 
similarity in the organs’ general shape, the longitudi-
nal section of the tip of the callus (Fig. 3C) revealed a 
completely different cell organization. The first very 
clear difference was the tip shape, which was rounder 
and flatter than the sharp root tip. In addition, all cells 
looked similar in shape, and staining intensities both 
for cellulose and lignin were more or less equal for all 
cells in the callus.

Root hairs are specific cells that are expected to 
be present in the root; they are extensions elongat-
ing from epidermal cells, designed to absorb water 
and nutrients from the soil. Imaging of the transverse 
sections of the E. brachyphylla root (Fig.  3D) clearly 
showed the root hairs in the section circumference. 
These were typical, numerous, narrow and straight. 
In sharp contrast, in the callus transverse sections, we 
saw either many swollen cellular extensions (Fig. 3E) or 
a single normal-like root hair (Fig. 3F) emerging from 
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the outer layer of the cells. This suggested a problem 
with epidermis differentiation and/or polar growth of 
the root hair tip.

Another striking difference was related to differen-
tiation of the xylem tracheary elements. Whereas in 
transverse sections of the root, the vascular tissue ap-
peared in the middle, exhibiting quintuple symmetry 
and a coherent growth axis parallel to the growth axis 
of the root (Fig. 3G), in the callus, although always in 
the inner layers, some sporadic clusters of tracheary 
elements were observed, but with no coherent direc-
tions among the cells (Fig.  3H,I). In some cases, the 
cluster of tracheary elements was surrounded by what 
seemed to be a coordinated cell arrangement form-
ing a ring-like structure (Fig. 3J). In addition, in some 

cases, we could detect rectangular cells organized in 
narrow parallel columns that were reminiscent of cam-
bial cells (Fig.  3K). Therefore, the unorganized chaos 
was interspersed with groups of cells forming patches 
of specific-like tissues. Surprisingly, on rare occasion 
we could differentiate what seemed to be a root-like 
organ with organized epidermis and a sharp tip-like 
shape (Fig. 3L).

The details described in Fig.  3 do not explain 
the anisotropic growth of the callus, leading to its 
 cylinder-like shape. To gain more information, we fo-
cused the confocal microscope laser beam on the outer 
cell walls of the epidermis in longitudinal sections. This 
enabled imaging the orientation of the cellulose mi-
crofibrils following staining with calcofluor dye (Fig. 4).  

Figure 2. Rooting of cuttings from E. brachyphylla (A–D) and E × trabutii (E–H). (A,E) Rooting and callus-formation rates. Bars represent 
averages of 3 repeats. (B,F) Mean root number per cutting. (C,G) Mean root length per cutting. (D,H) Representative rooted cuttings  
(t-test; * P < 0.05; ** P < 0.01). 52 and 53 are rooting enhancers.
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As  expected, the direction of the cellulose microfibrils 
in the root epidermal cells was perpendicular to the 
growth axis (Fig. 4A). Interestingly, no particular orga-
nization of cellulose microfibrils was resolved in the 
outer cell layer of the callus (Fig. 4B), although specific 
oval gaps in the calcofluor stain were detected in their 
elongated axis perpendicular to the callus growth axis. 
This trend was consistent, even when the cell direc-
tion did not seem to be aligned with the growth axis 
(Fig.  4B). When we measured the ratio of cell length 
to width, we found that while in the root, the length 

was more than 2.5 times the width and all cells were 
similarly oriented, in the callus, the average length was 
only 1.5 times the width and the cells’ direction did not 
coordinate with the growth axis or with each other. It 
is not clear whether the coherent gaps in calcofluor 
staining were formed before or after the cells acquired 
their final different shapes, or whether these contrib-
uted to the elongated cylindrical shape of the whole 
organ.

The differences in cellulose staining in the cell wall 
led us to check pectin, known to be a major load-bearing  

Figure 3. Differences in cell shape and organization between callus and roots. (A) Cylinder-shaped callus formed following induction of 
E. brachyphylla cutting to root using K-IBA. (B–L) Hand sections of callus and roots from E × trabutii and E. brachyphylla. Blue: cellulose 
(calcofluor); red: lignin and suberin (Auramine O); gray-scale images – DIC (differential interference contrast). (B) E. brachyphylla root 
tip, longitudinal section. Arrow shows meristematic zone. (C) E. brachyphylla callus tip, longitudinal section. (D) E. brachyphylla root, 
transverse section. Arrows indicate root hairs. (E) Swollen root hairs or epidermal cells imaged in the circumference of an E. brachyphylla 
callus. (F) A single root hair-like cell emerging from the outer-layer cells of an E × trabutii callus. (G) E. brachyphylla root, transverse sec-
tion. Arrows indicate vascular bundles. (H) E × trabutii callus, transverse section. Arrows indicate the various orientations of the tracheary 
elements. (I) E × trabutii callus, longitudinal section. Arrows indicate orientations of the tracheary elements. (J) E. brachyphylla callus, 
transverse section. Arrows indicate organized cells around the tracheary element bundle. (K) Cambium-like cells in E × trabutii callus. 
Arrows indicate files of cells in organized columns. (L) E. brachyphylla callus, longitudinal section, showing differentiation of what seems 
to be a root tip within the callus.
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component of plant cell walls (Cosgrove, 2016). Tran-
sverse sections of E. brachyphylla root and callus 
were fixed and stained with the antibodies JIM5 for 
 de-methylesterified homogalacturonan and LM20 for 
homogalacturonan (Knox et al. 1990; Verhertbruggen 
et al. 2009), together with calcofluor as an internal 
standard. It was found that whereas JIM5 fluorescence 
intensity was equal between root and callus, that of 
LM20 was significantly lower in the root (Fig. 5A-E). In 
addition, JIM5 fluorescence was mainly restricted to 
the three-way junctions between cells which looked 
tightly closed in the root. In contrast, in the callus, JIM5 
stain was spread throughout the cell wall and many of 
the three-way junctions were open, forming a green 
triangle stained with JIM5 antibody (Fig.  5A,C). The 
specific three-way junction stain of JIM5 was quanti-
fied by comparing fluorescence intensities in the junc-
tions and the rest of the wall (Fig. 5F). The ratio of the 
normalized mean fluorescence intensity of JIM5 mea-
sured in the three-way junctions divided by that mea-
sured in the other areas of the cell circumference was 
6.3 in the root, and 0.67 in the callus (Fig. 5F). Whereas 
in the root, the normalized fluorescence of LM20 was 
sporadically and equally distributed along the cell 
walls, in the callus, a 2.2-fold increase in LM20 normal-
ized fluorescence could be observed in the cell circum-
ference compared to the three-way junctions.

The finding of a root-tip-like structure inside the 
callus (Fig. 3L) led us to closely examine the frequency 
of possible root emergence from the callus. As men-
tioned, the callus formed from the treated cuttings had 

a cylindrical shape that together composed a branch-
ing coral-like structure. The average number of “finger 
tips” counted in callus formed from a cutting was 19.35 
± 1.79 (SE; N = 32). When looking for roots emerging 
from callus, we found roots in 6% of the cuttings that 
developed callus. Among these cases, only one callus 
branch per cutting showed root emergence.

These numbers confirmed that root emergence 
from the callus, although not very common, does oc-
cur. We assumed that one of two scenarios underlie this 
phenomenon: the first is that the root originates from 
cambium cells in the cutting base and paves its way 
out through the callus; the second is that the root dif-
ferentiates in the callus. To distinguish between these 
two options, we took advantage of a HERM device 
which is a microscope combined with a microtome 
that dissect and image simultaneously section after 
section (Izhaki et al. 2018). A callus finger from which 
a root had emerged (Fig. 6A), was fixed, stained, and 
imaged using HREM (Fig. 6B). The raw data were pro-
cessed and analyzed to create a three dimensional view 
(Fig. 6). This enabled us to follow the origin of the root 
throughout the tissue. Looking at the upper sections of  
the callus, we could see circumferential organization 
of the cells (Fig. 6C). This organization disappeared in 
the deeper sequential sections (Fig. 6D–K). Instead, dif-
ferent rings of cells appeared and disappeared. These 
rings resembled those found around the clusters of 
tracheary elements shown in Fig.  3J. In Fig.  6D-J and 
Supplementary Movie S1, it can be seen that some 
of these rings converge and diverge along the callus. 

Figure 4. Cellulose microfibril orientation in the outer cell wall of the epidermis of E. brachyphylla root (A) and callus (B). Blue color 
indicates cellulose (calcofluor). (C) Quantitative analysis of the cell length-to-width ratio in the root and callus (t-test; ** P < 0.01).
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Eventually, one of these rings of cells developed into 
a coherent root vasculature system with constant tis-
sue arrangement along the sections (Fig.  6K–O), that 
gradually disengaged from the callus. The transition 
from Fig. 6M to 6N shows the actual separation of the 
root tissue from the callus. Taken together, a root was 
seen to differentiate directly from the callus.

Discussion

The lack of food sources for honeybees toward the end 
of the summer and autumn until early winter led our 
research into AR formation. At first we selected two 
excellent trees exhibiting high flowering intensity and 
nectar production as well as strong attractiveness to 
honeybees during the desired season. We managed 
to overcome the difficulties involved in rooting ma-
ture trees and created a significant number of mother 
plants for further propagation and plantation. As ex-
pected the two Eucalyptus species responded differ-
ently to the rooting treatments applied (Vilasboa et 

al. 2018). The rooting rate of cuttings from E. brachy-
phylla was particularly surprising (Fig. 2) because pre-
viously, we had found that other clones of this species 
lose their rooting ability at the age of 7 months (Levy 
et al. 2014). In this respect, it should be emphasized 
that E. brachyphylla is a hybrid of E. kruseana and E. 
loxophleba (Grayling and Brooker, 1996) and E × tra-
butii is a hybrid of E. camaldulensis and E. botryoides 
(Chippendale, 1988). Therefore, genetic variability is 
expected within hybrids tree populations. The influ-
ence of genetic background on AR formation is known 
in the Eucalyptus genus (Vilasboa et al. 2018) as well as 
in other tree species (Legue et al. 2014; Panetsos et al.  
1994).

During the propagation process, we noticed the 
striking phenomenon of cylindrical branched callus 
formation and the emergence of roots from them. This 
led us to explore the tissue anatomy and cell biology 
underlying these observations. Below we discuss our 
six main findings about cell and tissue organization in 
ARs versus callus.

Figure 5. Immunostaining of E. brachyphylla root and callus sections for pectin isoforms. JIM5, antibody against de-methylesterified 
pectin; LM20, antibody against methylesterified pectin. (A,B) Representative stained transverse sections of a root. (C,D) Representative 
stained transverse sections of callus. (A,C) Samples stained with JIM5. Arrows in A show stain in three way junctions. (B,D) Samples 
stained with LM20. Arrows in D show three way junction devoid of stain. (E) Quantification of immunostaining normalized to calcofluor 
fluorescence in 7-8 independent fields (N). (F) Comparison of the normalized fluorescence intensity of the three-way junctions to that of 
the cell circumference. (N = number of ROI. Small rectangles above the bars show the ratio between them; t-test, p-value < 0.05).
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(i) When roots and callus exhibiting a cylindrical 
shape were dissected longitudinally down the 
middle and stained for cellulose and lignin, cell 
organization and staining differed between the 
two tissues. Whereas in the root, cells with dif-
ferent function stained differently, in the callus, 
almost all cells looked similar and were stained 
to more or less the same extent for cellulose and 
lignin. No meristem-like domain was found in 
the several dozens of callus tips examined. Ac-
cordingly, the cylindrical callus was much shorter 
than the root and its full length was limited to 
10–15 mm (Fig. 2D).

(ii) The length differences between callus and roots 
could be at least partially explained by the pres-
ence of elongated epidermal cells in the roots 
with cellulose microfibrils oriented perpendicular 
to the growth axis, as has been described for nu-
merous plants (Szymanski and Cosgrove 2009). 
No such organization was observed in the callus. 
Instead, callus outer-layer cells showed isotropic 
growth or random  orientation with no coherent 

polar growth and no particular microfibril ori-
entation resolved by the calcofluor stain, thus 
forming a pattern that does not support a polar 
and coherent elongation. In the callus cells, we 
observed gaps or pit fields in the calcofluor stain 
which were reminiscent of the pits between cel-
lulose microfibrils found in the Arabidopsis root-
division zone (Sugimoto et al. 2000) and shoot 
apical meristem (Sampathkumar et al. 2019). Of 
note, callus cells developed from cuttings have a 
high rate of cell division (Greenwood et al. 2001), 
similar to meristematic cells. Despite their meris-
tem-like features, callus cells were more strongly 
stained with cell-wall dyes than the cells in the 
root meristem, suggesting thicker cell walls. How 
a group of meristematic cells acquires a cylindri-
cal shape has yet to be determined. Unorganized 
microfibrils can be found in cells at different de-
velopmental stages, for example, in shoot api-
cal meristem cells  (Sampathkumar et al. 2019), 
in Arabidopsis root cells after  elongation ceases 
(Sugimoto et al. 2000), and after pharmacological 

Figure 6. HREM imaging of a root-forming callus. (A) A callus from which a root is emerging (arrow). (B) A 3D model based on HREM 
sections. Letters refer to the depth of the sections in C–O. (C–I) These sections represent the dynamic cell changes within the callus. The 
diverging and converging rings probably represent tracheary zones (arrows). (J–L) Gradual transition from a chaotic tissue form to root-
tissue organization. (M–O) Emergence of the root from the callus. Numbers in the right bottom corner of each image are the section’s 
depth. Scale bars are 250μm.
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(Himmelspach et al. 2003) or genetic (Desnos et 
al. 1996; Fagard et al. 2000; Williamson et al. 2001) 
inhibition of cellulose synthesis or after pharma-
cological (Baskin et al. 2004) or genetic (Bichet et 
al. 2001; Pastuglia et al. 2006; Whittington et al. 
2001) disruption of microtubules. Each of these 
scenarios (unorganized microtubules or microfi-
brils) is conceivable in the callus cells developed 
from the Eucalyptus cuttings, shown in particular 
in Fig.  4B. Improper microtubule organization 
and cellulose synthesis have been previously 
shown to affect AR formation (Abu-Abied et al. 
2014, 2015a, 2015b). Of note, if indeed cellulose 
synthesis is reduced in callus cells, it might lead to 
compensatory lignification (Cano-Delgado et al. 
2003; Hamann et al. 2009), which could underlie 
the findings shown in Fig. 3C,J,K,L of higher ligni-
fication than in the root meristem (Fig. 3B).

(iii) The swollen cells found at the edge of some sec-
tions (Fig.  3E) could be epidermal cells or root 
hairs. Swollen epidermal cells with thin cell walls 
have been found, for example, in the prc1 mu-
tant, with a mutation in the cellulose synthase 
subunit CESA6 (Desnos et al. 1996; Fagard et al. 
2000), again suggesting reduced cellulose syn-
thesis. Alternatively, these cells might represent 
short swollen root hairs. Swollen root hairs are 
commonly seen in mutants of actin (Grierson and 
Ketalaar 2004) or Rho of plants (ROP) GTPases 
(Bloch et al. 2005; Molendijk et al. 2001), which 
regulate both actin and microtubules (Craddock 
et al. 2012). In addition, a mutation in the cell-
wall protein leucine-rich repeat extensin1 (LRX1) 
resulted in swollen root hairs (Diet et al. 2006). In-
terestingly, swollen root hairs in the lrx1 mutant 
were repressed by the rol1 mutation affecting 
pectin synthesis (Diet et al. 2006).

(iv) When callus and root cells were stained 
for   pectin  using antibodies that distinguish 
 methylesterified from de-methylesterified pectin, 
significant differences were found. Whereas de- 
methylesterified pectin was mainly concentrated 
in three-way junctions between the root cells, it 
was distributed throughout the callus cell walls. 
In addition, higher fluorescence staining corre-
sponding to methylesterified pectin was found 
in callus cells vs. root cells. Pectin and pectin 
methylesterification are regulated at various lev-
els (Peaucelle et al. 2015; Wolf et al. 2012) and 

can affect cell-wall rigidity, cell expansion, and 
organ development in different ways (Peaucelle 
et al. 2012; Peaucelle et al. 2011; Voxeur and Hofte 
2016). Differential pectin methylesterification has 
been shown in callus from cork oak (Quercus suber) 
formed in tissue culture (Pérez-Pérez et al. 2019). 
The proembryogenic cells were rich in methy-
lesterified pectin, while the differentiated cells 
of the embryo were rich in de- methylesterified 
pectin (Pérez-Pérez et al. 2019). Another study 
compared pectin status in the tightly packed 
embryogenic callus to that in the loosely packed 
non-embryogenic callus of carrot (Daucus carota 
subsp. sativus) (Iwai et al. 1999). The rationale was 
that since pectin in the middle  lamella is a major 
glue for cells, its form can influence the rate of 
cell–cell adhesion in the callus. Pectin was stained 
with Ruthenium red which bound primarily to de-
methylesterified pectin (Iwai et al. 1999). While 
the tightly packed cells of the embryogenic cal-
lus were mainly stained at three-way junctions, 
the cells in non-embryogenic callus were stained 
all around their cell walls. Thus, despite the high 
levels of pectin ready to form Ca2+ bridges might 
increase the cell-cell adhesion, more and larger 
gaps were found between these cells. This led to 
the conclusion that there was no correlation be-
tween the rate of pectin de-methylesterification 
and the gaps between the cells in the carrot cal-
lus (Iwai et al. 1999). However it is known that the 
consequences of demethyl esterification can be 
cell wall loosening when de-esterified pectin is 
subsequently cut by pectolytic enzymes (Pelloux 
et al. 2007; Xiao et al. 2014). Taken together, it is 
difficult to identify any general trend; it seems 
that context dependent, temporal and spatial 
changes of pectin methylesterification should be 
determined at higher resolution to find correla-
tions with cell–cell adhesion and differentiation.

(v) Differentiation of tracheary element clusters was 
found in the inner cell layers of the callus (Fig. 3H–
J). These clusters contained individual differenti-
ated cells positioned in different orientations with 
respect to each other, i.e., not forming a continu-
ous pipe. Some of these clusters were surrounded 
by several layers of cells forming a circumferential 
ring (Fig.  3J). These rings were also resolved by 
HREM (Fig.  6E–K arrows). Supplementary Movie 
S1 shows that these rings can disappear, split or 
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converge along the callus, again exemplifying 
the discontinuous nature of this vasculature-like 
tissue. Clusters of differentiated tracheary ele-
ments inside callus tissue have been previously 
described (Wilson et al. 1991). In that study, it 
was postulated that these clusters are formed in 
the inner layers due to an inside/out gradient of 
Indole-3-acetic acid (IAA). Auxin canalization has 
been shown to lead to vasculature differentiation 
and reconstruction after wounding (Sachs 1991). 
Furthermore, non-oriented tracheary elements 
have been shown to be the result of counteract-
ing flows of auxin (Lev-Yadun and Aloni 1990; 
Sachs and Cohen 1982), suggesting a chaotic net-
work of auxin flow inside the callus.

(vi) The most striking, albeit rare, finding was the dif-
ferentiation of the chaotic callus tissue into a root 
with orchestrated cells and functioning tissues. In 
this respect, it is interesting to note that in Arabi-
dopsis, it was found that callus formed from dif-
ferent non-root tissues laid on callus-inducing 
medium expresses root-specific genes (Sugimoto 
et al. 2010), whereas callus formed from wound-
ed tissues does not (Ikeuchi et al. 2013). Changes 
in hormone balance, cell wall composition, gene 
expression, etc., in the Eucalyptus callus which 
lead to the sudden formation of a root will be the 
subject of our future research.

Accumulating data suggest that cell-wall properties in-
fluence the formation of lateral and adventitious roots 
(Duman et al. 2019, this issue). The current work raises 
the possibility that the high rate of callus formation in 
cuttings from mature trees, in contrast to juvenile trees, 
following root induction with IBA is a result of differ-
ences in, among other things, cell-wall properties.

The term callus originates from the Latin word 
callōsus, which means hard skin. In plants, it refers to 
both clusters of cells formed on callus-inducing media, 
preferentially from young tissues, and clusters of cells 
formed following wounding and root induction with 
auxin. Obviously, there are major differences between 
these two tissues which might warrant a distinct 
definition.

Finally, the advantage of a clonal plantation of elite 
trees for bees will be verified once their flower inten-
sity and robustness are compared to other trees ger-
minated from seeds of the same two selected species. 
This verification will be obtained in the coming years.
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